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Introduction

Protein microarrays are currently attracting increasing inter-
est due to their potential as analytical tools for biomedical
analysis and proteome research.[1–6] A general problem in
the fabrication of protein biochips arises from the intrinsic
instability of many proteins that often prohibits array prepa-
ration by stepwise, robotic immobilization of multiple pro-
teins at chemically activated surfaces. To overcome these
problems, we have developed the DNA-directed immobili-
zation (DDI) of proteins as a chemically mild procedure for
the highly parallel and reversible attachment of multiple
proteins to a solid support by using a DNA microarray as
the immobilization matrix.[7–9] To extend the DDI method to
the fabrication of enzyme arrays, it is crucial to develop
methodologies for synthesizing distinct DNA–enzyme conju-
gates that are well-defined with respect to their stoichiomet-

ric composition, that is, the number of DNA oligomers at-
tached to the enzyme of interest, as well as the regioselectiv-
ity of coupling, that is, to control at which site of the
enzyme the nucleic acid is coupled to.[10] Solutions to these
problems can be achieved by using recombinant proteins
containing reactive chemical sites, such as exposed cystein
residues[11] or C-terminal thioesters,[12–14] which allow the se-
lective tagging of the protein with the nucleic acid. We have
recently demonstrated another feasible route to efficiently
produce well-defined DNA–enzyme conjugates that involves
the chemical modification of the heme cofactor with syn-
thetic DNA oligonucleotides and the use of the DNA–heme
adducts in the reconstitution of apo enzymes.[15] A similar
approach was recently also applied to flavo-enzymes.[16]

Owing to the role of prosthetic groups in the catalytic ac-
tivity of many enzymes, intensive research has been carried
out within the last 50 years to investigate how structural al-
terations influence the properties of the respective enzymes.
Examples include flavoenzymes,[17,18] pyrroloquinoline qui-
nine,[19,20] and heme-containing[21,22] enzymes. Heme enzymes
are particularly interesting as they catalyze a variety of
redox reactions and are therefore powerful catalysts for syn-
thetic organic chemistry.[23] Heme enzymes from different bi-
ological sources sometimes catalyze similar types of reaction
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because of their structural similarity. For example, myoglo-
bin (Mb) under certain conditions can act as peroxidas-
es,[24–26] however, its peroxidase activity is much lower than
that of classical peroxidases, such as horseradish peroxidase
(HRP). Owing to its high stability and reactivity, HRP is the
most widely used peroxidase,[27–29] and, with regard to syn-
thetic chemistry, it can be employed as a catalyst for a broad
range of reactions, such as oxidations of aromatic com-
pounds, epoxidation, and enantioselective reduction of race-
mic hydroperoxides.[23,30]

Significant efforts have been undertaken to extend the
versatility of heme enzymatic function and to enhance its
catalytic activity by site-directed mutagenesis and/or cofac-
tor modification. While the first approach is considered tedi-
ous and often impractical for certain enzymes, for example,
cytochrome c peroxidase[31] or catalase,[32] the chemical mod-
ification of cofactors and its insertion into apo enzymes, that
is, enzymes from which the natural cofactor has been re-
moved, offers a variety of possibilities to change the enzy-
matic function by synthetic methods. For example, Hayashi
and others were able to increase the peroxidase activity of
myoglobin (Mb) by modifying the propionate side chains of
the hemin with artificial functional groups.[33,34] Similarly, the
oxygen affinity of the Mb was increased by replacing the
native protoporphyrin IX with prophycene.[35] Watanabe and
co-workers inserted chromium-containing salophen into sev-
eral apo-Mb (aMb) mutants,[36] thereby producing artificial
metalloenyzmes capable of catalyzing H2O2-dependent sul-
foxidation of thioanisole. Ryabov and co-workers reconsti-
tuted HRP with ferrocene-modified hemin, thus leading to
the increased activity of the enzyme towards organometallic
substrates.[37] Chemically modified cofactors have also been
utilized as anchors for the immobilization of enzymes at dif-
ferent surfaces. Extensive work in this area has been carried
out by Willner and co-workers by using FAD derivatives to
immobilize glucose oxidase at gold electrodes and to study
the electrical contacting and electron transfer.[17, 38,39]

Recently, we have shown that novel artificial Mbs can be
generated by reconstitution of apo-Mb with covalent DNA–
hemin conjugates.[15] The highly specific binding properties
of the DNA moiety of the resulting Mb–DNA conjugate
can be utilized for the specific DNA-directed immobiliza-
tion (DDI) of the DNA–Mb conjugates both at the micro-
meter and nanometer length scales, thereby leading to appli-
cations in materials research[40] and the life sciences.[41,42] In-
terestingly, the reconstituted DNA–Mb conjugates showed
enhanced peroxidase activity towards the substrate Amplex
Ultra Red, even after they were immobilized at the solid
surface by means of DDI. In that study, however, the cata-
lytic properties of the DNA–Mb conjugates as well as the
general applicability of the reconstitution to other heme en-
zymes have not been investigated in detail. Here we report
on the continuation of this approach by further improving
the synthesis of the covalent heme–DNA adducts and by ap-
plying the procedure to DNA oligomers of different length
and base composition. Moreover, we extended our reconsti-
tution approach to the enzyme horseradish peroxidase

(HRP) and we carried out a thorough kinetic investigation
of both Mb–DNA and HRP–DNA conjugates by using two
different substrates, namely ABTS and Amplex Red (see
below). This allowed us to quantify the activity of the
enzyme–DNA conjugates both in the solution and immobi-
lized at solid supports by means of the DDI method. The re-
sults provided initial insights into the catalytic cycles occur-
ring during substrate transformation.

Results and Discussion

Synthesis of heme–DNA and reconstitution of apo enzymes :
Hemin (protoporphyrin IX) was activated in solution by
using HBTU, HOBt, and DiPEA in DMF/CH3CN and cou-
pled to amino-modified 12-mer oligonucleotide. Several dif-
ferent routes for DNA–heme adduct synthesis were investi-
gated and, of those, amide coupling by using HBTU proved
to be the most successful. The 12-mer oligonucleotide at-
tached to the controlled porous glass (CPG) solid support
was used for this reaction and coupling of activated hemin
was performed after the trityl amino protecting group was
removed by dichloroacetic acid treatment. The optimization
of the coupling conditions (1 h, RT, 1 equiv HBTU,
0.75 equiv HOBt) led to the successful synthesis of two
heme–DNA adducts. The HPLC trace (Figure 1) revealed
that two products were formed in high yields and were iden-
tified by MALDI-TOF MS as the desired hemin–DNA ad-
ducts containing either one (hemD1) or two DNA oligomers
(hemD2).

Apo-Mb and apo-HRP were prepared by the Teale buta-
none extraction method.[43] In brief, enzymes were dissolved
in water (to make up a 50 mm solution) and acidified to
either pH 2.5 (Mb) or pH 2.0 (HRP) with ice-cooled HCl
(0.1m). The extraction was performed with ice-cooled 2-bu-
tanone and the excess of solvent was removed by passing
the solution through a Sephadex NAP-5 column. The con-
centration of the apo enzymes was determined spectropho-
tometrically. Freshly prepared apo enzymes were reconsti-
tuted with hemD1 and hemD2, leading to the DNA–enzyme

Figure 1. Reversed-phase HPLC purification of DNA–heme adducts. The
solid line represents the absorbance at 405 nm and the dotted line the ab-
sorbance at 260 nm.
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conjugates MbD1, MbD2, and HRPD1, respectively
(Figure 2). To synthesize non-DNA-modified enzymes as
controls for enzyme kinetic studies, apo-Mb and apo-HRP
were also reconstituted with commercially available hemin,
leading to active enzymes, denoted as rMb and rHRP, re-
spectively.

The semisynthetic enzyme–DNA conjugates were ana-
lyzed and purified by FPLC by
using a linear gradient of 1.5m
NaCl in Tris buffer, pH 8.3,
over 25 min. Representative
chromatograms are shown in
Figure 3. The significant differ-
ences in retention time of the
apo- and DNA-reconstituted
enzymes enabled the fast and
efficient purification of the
DNA–enzyme conjugates. In
the case of Mb, reconstitution
with both hemD1 and hemD2

adducts led to the DNA–Mb
conjugates MbD1 and MbD2,
respectively. Reconstitution of
Mb with hemD1 usually pro-
ceeded in almost quantitative
yields, while MbD2 and HRPD1

yields varied between 80–90%.
The time for completion of the
reconstitution reaction varied
for the two heme–DNA adducts
such that 12 h were required for
hemD1 and 20 h for hemD2 re-
constitution.

In the case of apo-HRP, the
reconstitution reaction exclu-
sively led to the formation of
the HRPD1 that was completed
after 12 h. Further attempts to
reconstitute HRP with hemD2

by varying the buffer condi-
tions, such as pH and ionic
strength, and varying tempera-
tures, and increasing reaction
times, remained unsuccessful.
This observation suggested that
the bulky heme with its two
DNA oligomers is unable to
enter the heme pocket, proba-
bly due to steric factors. This
assumption is in agreement
with protein crystal-structure
data,[44] indicating that the
heme pocket is buried deep
inside the globular HRP. In
contrast the heme pocket of
Mb is located close to the sur-
face of the protein[45] and,

therefore, even the bulky hemD2 adduct can enter the heme
binding site of the protein.

UV/Vis spectrophotometric analysis of both MbD1 and
MbD2 showed an absorbance maximum at 408 nm and of
HRPD1 at 403 nm (data not shown). These values are in
agreement with literature data for the native enzymes.[46,47]

In addition, we observed a broadened peak at 274 nm (Mb)

Figure 2. Reconstitution of apo-HRP and apo-Mb with DNA–heme conjugates. HemD1 and hemD2 are cova-
lent DNA–heme adducts coupled with one or two DNA oligomers, respectively.

Figure 3. Fast protein liquid chromatograms of the reconstitution of: a) aMb with hemD1 and hemD2 and;
b) aHRP with hemD1. The dotted and solid lines indicate the absorbance measured at 280 and 405 nm, respec-
tively.
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and 279 nm (HRP) due to the absorbance of both the pro-
tein and the DNA moieties.

Peroxidase activity of reconstituted enzymes : Peroxidases
catalyze the oxidation of a variety of substrates in the pres-
ence of hydrogen peroxides. In general, peroxidases initially
react with H2O2 to generate the primary intermediate, called
compound I. This intermediate undergoes two sequential
one-electron reduction steps by the substrate to generate
compound II and, again, the resting state of the enzyme.
Both reductions lead to the formation of the final product.
In view of the surprisingly high reactivity of both MbD1 and
MbD2 observed in our initial description of these conju-
gates,[15] we were curious to study what particular effect on
the catalytic activity of the pseudo peroxidase Mb and the
real peroxidase HRP may arise from the linkage of DNA
oligomers to the propionate side chains of the prosthetic
heme group. To this end, we chose two typical substrates,
Amplex Red and ABTS, which are often used in peroxidase
reactions.

Amplex Red is frequently employed in a range of enzy-
matic assays because of its sensitivity and stability. In the
presence of peroxidases, the nonfluorescent Amplex Red
substrate reacts with H2O2 in a 1:1 molar ratio to produce
the brightly fluorescent product resorufin.[48] The substrate
ABTS reacts with peroxidases to produce a radical cation
that strongly absorbs at 405 nm, thereby allowing the detec-
tion of low levels of peroxidases.[49]

To demonstrate that the DNA stays chemically stable
during the oxidative conditions of the enzymatic assays, we
incubated the 12-mer oligonucleotide in a typical assay solu-
tion containing ABTS (0.2 mm) and H2O2 (2.0 mm) for
30 min at room temperature. Subsequent HPLC analysis re-
vealed no detectable changes in the elution profile, thus in-
dicating that the DNA was not affected by the conditions of
the enzyme assay.

To obtain the kinetic parameters for the peroxidase activi-
ty we used the simplified model of a multisubstrate reaction
by varying the substrate concentration while keeping con-
stant an excess concentration of H2O2. Since the kinetic pa-
rameters in multisubstrate reactions are functions of both
substrate and H2O2 concentration, the ultimate values ob-
tained by this method were considered to be apparent con-
stants.

The reactions were monitored by using a microplate
reader for the collection of absorbance (ABTS) or fluores-

cence (Amplex Red) data. The data were analyzed by using
the Michaelis–Menten theory by applying Equation (1), in
which [S] represents the concentration of the substrate, that
is, ABTS or Amplex Red, [E]0 is the total amount of the
enzyme used, and the n0 is the initial rate of reaction deter-
mined experimentally. Hyperbolic curves were obtained
after plotting n0/[E]0 against the substrate concentration. A
nonlinear curve fitting was carried out to obtain the Michae-
lis–Menten parameters. Figure 4 shows typical curves ob-
tained from native and reconstituted HRP. The numeric
data of the Michaelis–Menten parameters and the catalytic
efficiency, usually expressed as the kcat/KM ratio, obtained
for HRP-transformation of both substrates are shown in
Table 1.

n0
½E�0

¼ kcat½S�
KM þ ½S� ð1Þ

As indicated by the catalytic efficiency (kcat/KM) data,
native HRP showed a notably higher activity with both sub-

strates than the reconstituted
enzymes, rHRP and rMb, re-
spectively. A slight decrease in
activity was observed when the
cofactor was removed and sub-
sequently replaced into the
native enzyme (that is, rHRP),
while a significant decrease was
observed for the DNA-contain-
ing HRPD1 conjugate. Removal
and insertion of heme can lead

to the destruction of the hydrogen-bonding network which,
together with incomplete protein re-folding upon reconstitu-
tion, may account for the decrease of the rHRP activity ob-
served. However, the strong increase in the KM value and
the only 50% decrease in the kcat value of HRPD1 suggested
that this effect is not the only reason for the observed
change in catalytic efficiency. It was previously shown that
substrates, in particular aromatic molecules, bind to HRP
close to the d-meso edge of the heme ring.[50] Owing to the
fact that the bulky DNA oligomer is attached close to the d-
meso edge of the heme, the DNA is likely to sterically
hinder the binding of the ABTS substrate and, therefore,
contribute to the lower affinity and the decreased activity
observed.

The comparison of the KM data in Table 1 also indicates
that the affinity for the polar ABTS (1897 mm for HRPD1

compared to 233 mm for nHRP) is affected to a larger extent
than that for the nonpolar Amplex Red (125 mm for HRPD1

compared to 106 mm for nHRP), whereas the kcat values of
HRPD1 are reduced to about one third of those of the
native HRP, regardless of the polarity of the substrate.
These observations strongly suggest additional electrostatic
repulsion between the negatively charged DNA strand and
the ABTS substrate. As an additional reason for the changes
in catalytic performance, one may also speculate about indi-
rect effects occurring from interactions between the DNA
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moiety and the outer surface of the protein. It is known that
the propionate chains of the heme influence the heme orien-
tation as well as the reactivity of compound I by the forma-
tion of an extensive hydrogen-bonding network with sur-
rounding amino acid residues of the HRP, and the esterifica-
tion of the propionate groups has been shown to induce per-
turbances in the entry and binding of anionic substrates that
caused destabilization of compound I.[51] It is, therefore, pos-
sible that the DNA strand engages in the hydrogen-bonding
network thereby lowering the affinity for the substrate, thus
leading to an increase in the KM value.

In view of the immobilization experiments described
below, we also measured the catalytic activity of HRPD1 in
the presence of two molar equivalents of complementary
DNA strands (cD in Table 1, entry 4). The decrease in cata-
lytic activity to about 50% of the value observed for the
single-stranded species was observed. This observation cor-
relates well with the hypothesis described above of in-
creased steric hindrance and electrostatic repulsion resulting
from the formation of bulky negatively-charged dsDNA in
close proximity to the active site of the HRP.

Interestingly, the DNA conjugation also had a marked
effect on the long-term stability of HRP at low concentra-
tions. While the activity of a 100 nm nHRP solution de-
creased significantly with storage time (to about 75% after
eight days), HRPD1 showed an almost unchanged activity
even after two months of storage (data not shown). Similar
to that previously observed for other DNA–protein conju-
gates,[11] this increase in stability might result from the in-
creased polarity of the DNA–enzyme conjugate reducing in-
termolecular aggregation and nonspecific adsorption of the
conjugate to the walls of the storage vessel that otherwise
induce partial denaturation of the enzyme and, thus, gives a
loss in catalytic activity.

We further studied the enzyme kinetics of Mb conjugates
which, in general, showed a dramatically different catalytic
efficiency pattern to that of HRP. As mentioned above, the
main physiological function of the Mb concerns the reversi-
ble storage of oxygen in muscle, and it can also function as
a pseudo peroxidase in the presence of H2O2. As such, Mb
follows the typical peroxidase catalytic cycle in the presence
of H2O2 and forms the MbFeIV=O species that corresponds
to compound I of peroxidases.[52] Here, MbD1 and MbD2

showed a significant increase in activity with both substrates,
and in particular, with Amplex
Red. However, the distinct re-
activity patterns of the various
Mb conjugates were quite dif-
ferent for the two substrates
under investigation. Figure 5
shows typical curves obtained
from the transformation of
ABTS by native and reconsti-
tuted Mb enzymes. The numer-
ic data of the Michaelis–
Menten parameters are sum-
marized in Table 2.

The determination of the Michaelis–Menten parameters
revealed that the catalytic efficiency (kcat/KM) for MbD2

(Table 2, entry 3) is more than fourfold higher than that of
nMb (Table 2, entry 1). This result contradicts the expecta-
tion that the accumulation of negative charges at the DNA
sugar–phosphate backbone should hinder the entrance of
the negatively charged ABTS to the heme pocket. Instead,
the KM values determined indicated that MbD2 has a signifi-
cantly higher substrate affinity than nMb. An explanation
might be deduced from the tertiary structure of horse heart
Mb, previously determined by X-ray crystallographic analy-

Table 1. Kinetic parameters of the catalytic oxidation of ABTS and Amplex Red by H2O2 in the presence of
nHRP, rHRP, and HRPD1.

ABTS Amplex Red
Entry Enzyme kcat [s

�1] KM [mm] kcat/KM [mm�1 s�1] kcat [s
�1] KM [mm] kcat/KM [mm�1 s�1]

1 nHRP 332�18 233�21 1.42�0.15 860�38 106�13 8�1
2 rHRP 284�16 195�15 1.11�0.07 969�44 123�14 7.9�1.0
3 HRPD1 107�8 1897�238 0.057�0.008 271�5 125�14 2.2�0.3
4[a] HRPD1+cD n.d. n.d. n.d. 155�4 138�9 1.12�0.08

[a] Owing to the higher sensitivity of detection, Amplex Red substrate was used both for the study of DNA
hybridization and the immobilization experiments (see Table 4).

Figure 4. Data and curve-fitting performed to obtain Michaelis–Menten
parameters for ABTS (a) and Amplex Red (b) transformation by native
HRP (nHRP) and reconstituted HRP (rHRP and HRPD1). The enzyme
concentrations were 1 nm (a) and 0.1 nm (b).
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sis.[45] Mb has several basic residues near the heme pocket,
and it was previously observed that additional carboxylic
acid groups of non-natural heme analogues are effectively
neutralized by these basic residues.[33] Therefore, it is plausi-
ble that they also neutralize the negative charges of the
phosphate backbone of the DNA, thereby minimizing the
electrostatic repulsion between the substrate and the DNA-
containing substrate-binding site.

Monzani and co-workers have demonstrated that the in-
troduction of hydrogen donor and acceptor groups to the
heme influences the hydrogen-bond network of the Mb,
thereby leading to a slight rigidification of the active site
and an increased stability of compound I.[53] This study also
showed that the heme-binding pocket is not sufficiently
large to entirely accommodate peptide-modified heme de-
rivatives and the peptide-carrying propionate chains rather
extend to the outside of the heme pocket. Therefore, we hy-
pothesize that the increased reactivity of the MbD2, ob-
served here, may result from steric constraints of the DNA
strands leading to an opening of the active site, thereby fa-
cilitating an increased accessibility for substrate molecules.
This hypothesis could also explain the increase in kcat values
observed. All these effects of the DNA attachment on the
Mb reactivity were similarly observed for the MbD1 conju-
gate, however, they were apparent to a smaller extent.

Kinetic studies of the oxidation of Amplex Red by the
various Mb enzymes revealed that, similar to ABTS, the cat-
alytic efficiency of MbD2 is higher than that of MbD1 and
both DNA enzymes are far more active than the native Mb.
Moreover, a very distinctive biphasic behavior was observed

in the Amplex Red reaction, indicating that a slow reaction
rate occurs at low and a significantly faster rate at high sub-
strate concentrations (Figure 6a and b, respectively). Bipha-

sic behavior of Mb catalysis was previously observed by
Monzani and co-workers, and it was explained by two con-
secutive binding interactions between the enzyme and the
substrate.[53] As shown in Scheme 1, both consecutive sub-
strate binding interactions lead to the generation of product.
The first reaction pathway (KD1, k1) is dominant at low sub-

Figure 5. Data and curve-fitting performed to obtain Michaelis–Menten
parameters for ABTS oxidation with native and reconstituted Mb en-
zymes. The enzyme concentration was 100 nm.

Table 2. Kinetic parameters of the catalytic oxidation of ABTS by native
and reconstituted Mb enzymes.

Entry Enzyme kcat [s
�1] KM [mm] kcat/KM [mm�1 s�1]

1 nMb 0.41�0.02 44�4 0.0094�0.001
2 MbD1 0.47�0.005 33�1.7 0.0144�0.0011
3 MbD2 0.63�0.02 14.4�1.5 0.044�0.004

Figure 6. Data and curve-fitting performed to obtain Michaelis–Menten
parameters for the biphasic Amplex Red oxidation with native and re-
constituted Mb enzymes. Curves in (a) show the entire concentration
range measured while the curves in (b) are enlarged to show the reaction
rates at low substrate concentration. The enzyme concentrations were
10 nm.

Scheme 1. Consecutive reaction pathways of Mb, according to refer-
ence [53].
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strate concentration. It is saturated quickly leading to an in-
termediary plateau thereby allowing the second reaction
pathway (KD2, k2) to occur at higher substrate concentra-
tions.

The data obtained were fitted by weighted nonlinear re-
gression by using Equation (2) derived for biphasic behavior
by Monzani and co-workers, where k1 and k2 are the rate
constants for the oxidation of the protein-bound substrate in
mono (ES) and bis (ES2) adducts, respectively. KD1 and KD2

are the two dissociation constants associated with the inter-
actions. By using this model, the kinetic parameters were
calculated and the results are shown in Table 3.

n0
½E�0

¼
k1 ½S�
KD1

þ k2 ½S�2
KD1KD2

1þ ½S�
KD1

þ ½S�2
KD1KD2

ð2Þ

Similar to that observed for the ABTS substrate, the
values in Table 3 indicate that both rate constants k1 and k2

are increased for the DNA–Mb conjugates as compared to
the nMb. KD1 and k1, which were obtained from the low sub-
strate concentration curve of the biphasic model, suggest
that the DNA enzymes have a high affinity for the substrate
at low concentrations. We used the ratio of the second set of
parameters, k2 and KD2, derived from the higher substrate
concentration range, as a measure of the catalytic efficiency.
The comparison of k2/KD2 data revealed a remarkable in-
crease in enzymatic activity, namely MbD2 (Table 3, entry 5)
and MbD1 (Table 3, entry 3) were 18 and 15 times more
active than the nMb (Table 3, entry 1). The reasons for this
increase in catalytic efficiency should be similar to those dis-
cussed above for the transformation of ABTS.

Kinetic study of immobilized enzymes : According to our
concept, the DNA moieties are intended to be used as pro-
grammable handles for DNA-directed self-assembly and im-
mobilization. Therefore, kinetic measurements were also
carried out in the presence of DNA oligomers that are com-
plementary to the heme-bound DNA (cD, 5’biotin-GGT
GAA GAG ATC-3’, entries 4 and 6 in Table 3). To investi-
gate the effects of the hybridization with cD on the enzy-
matic performance, Amplex Red was chosen as a substrate
because of the higher sensitivity as compared to the ABTS
reaction. Initial measurements were carried out in solution
with both HRPD1 (Table 1, entry 4) as well as with MbD1

and MbD2 (Table 3, entries 4 and 6, respectively). The cata-
lytical efficiency of HRPD1+cD was reduced to about 50%
(1.12 versus 2.2 mm�1 s�1 for HRPD1) upon hybridization
with complementary DNA. This result is in agreement with
the general trend observed for the HRP–DNA conjugate,
that is, the reduction of catalytic activity due to the presence
of DNA closely attached to the active site of the enzyme.
Although the activity of both dsDNA–Mb conjugates was
still almost tenfold higher than that of nMb, a similar reduc-
tion in Mb–DNA activity was observed upon hybridization
with complementary DNA oligomers. In the case of MbD1+

cD the k2/KD2 values were reduced to 62.5% (1.0 versus
1.6M10�3 mm�1 s�1) and with MbD2+cD to about 44% (0.8
versus 2.0M10�3 mm�1 s�1) of the activity of the respective
single-stranded Mb–DNA conjugates. These observations
correlate with the hypothesis discussed above that steric hin-

drance and electrostatic repul-
sion of the bulky dsDNA re-
duces the access of the sub-
strate to the reaction site.

We then measured the cata-
lytic performance of the DNA–
enzyme conjugates bound to
the surface of microtiter plates
by means of DDI. To this end,
streptavidin-coated microplates
were functionalized with biotin-
ylated capture oligomers com-
plementary to the heme-bound

DNA and the DNA–enzyme conjugates were allowed to
bind to the DNA-functionalized wells of the microplate
(Figure 7).

Control assays were also carried out in wells that con-
tained non-complementary capture oligomers. In these con-
trols, no enzymatic activity was detected, indicating that the
immobilization, indeed, occurred exclusively by specific
Watson–Crick base pairing between the enzyme-bound
DNA and the capture sequence. Kinetic measurements with
immobilized enzymes were then carried out under similar
conditions as reported for the measurements in solution.
Typical plots of the n0/[E]0 values against the substrate con-
centration are shown in Figure 8. The kinetic study revealed
that for both enzymes the substrate inhibition occurred at
the high substrate concentration range. This threshold for in-
hibition was less than 50 mm for MbD1 and MbD2 and ap-

Table 3. Kinetic parameters of the biphasic catalytic oxidation of Amplex Red by native and reconstituted Mb
enzymes.

Entry Enzyme k1

[10�3 s�1]
KD1 [mm] k1/KD1

[10�3mm�1 s�1]
k2

[10�3 s�1]
KD2 [mm] k2/KD2

[10�3mm�1 s�1]

1 nMb 1.48�0.05 0.14�0.02 11�2 43�21 407�223 0.11�0.08
2 rMb 1.82�0.07 0.15�0.02 11.9�1.4 16�6 499�293 0.03�0.02
3 MbD1 17.0�0.5 0.128�0.009 133�11 450�59 283�64 1.6�0.4
4 MbD1+cD 4.8�0.4 0.014�0.009 334�199 386�72 403�84 1.0�0.3
5 MbD2 28.5�1.2 0.082�0.009 348�43 432�63 218�51 2.0�0.5
6 MbD2+cD 14.1�0.4 0.008�0.004 1735�950 325�96 387�139 0.8�0.4

Figure 7. DNA-directed immobilization of cofactor-modified peroxidases.
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proximately 1000 mm for HRPD1. It seems likely, that the in-
hibition occurred due to a restricted diffusion of substrates
at the solid–liquid interphase because the immobilization
leads to an orientation of the heme pocket of the enzyme
towards the surface (Figure 7).

To obtain Michaelis–Menten parameters we therefore
used Equation (3), which takes into account the effects oc-
curring from substrate inhibition.[54] The numeric data are
summarized in Table 4.

n0
½E�0

¼ kcat½S�

KM þ ½S�
�
1þ ½S�

KS

�
ð3Þ

The catalytic efficiency of immobilized HRP was approxi-
mately sevenfold lower than the activity measured in the
solution. In the case of Mb, direct comparison is more diffi-
cult because the immobilized Mb–DNA conjugates did not
reveal the biphasic behavior that had been observed in the
experiments in solution. This suggested that the second
binding proposed in Scheme 1 did not occur when the
enzyme is immobilized at the solid support. Instead, an in-
hibition was observed similar to that of the HRP–DNA con-
jugates, and the fitting model provided a set of kinetic pa-
rameters (Table 4), which are no longer comparable directly
to the biphasic model data of the in-solution reaction. How-
ever, the qualitative comparison of the data obtained from
the low substrate concentration range in solution and those
of the immobilized enzymes, depicted in Figure 9, suggested

that the catalytic efficiencies are within the same order of
magnitude. Moreover, the saturation step for the immobi-
lized enzymes occurred at concentrations of less than 5 mm.
This is similar to the plateau observed during the in-solution
measurements. Hence, the immobilization apparently pre-
vents the enzyme from following the second reaction path-
way, characterized by KD2 and k2 in Scheme 1, and rather
favors an inhibitive pathway that is restricted by orienta-
tion-derived factors, as discussed for the HRP immobiliza-
tion. Nonetheless, although the catalytic activity of myoglo-
bin decreased upon the immobilization, both MbD2 and
MbD1 conjugates still revealed a much higher activity than
the native Mb. This suggested that the effects responsible
for the increase in enzymatic activity in solution persist even
when the enzyme is bound to solid supports.

Conclusion

We reported here on the successful generation of artificial
peroxidase enzymes, myoglobin (Mb), and horseradish per-
oxidase (HRP) by reconstitution of the respective apo en-

Figure 8. Data and curve-fitting obtained from Amplex Red oxidation
with immobilized DNA–enzyme conjugates: a) Mb; b) HRP. The inset in
a) shows the low concentration range for the Mb reaction.

Table 4. Kinetic parameters of immobilized DNA–enzyme conjugates for
the oxidation of Amplex Red.

Entry Enzyme kcat [s
�1] KM [mm] kcat/KM

[s�1mm�1]
Ks [mm]

1 HRPD1 69�1 242�7 0.30�8 1552�82
2 MbD1 0.0196�0.0004 1.4�0.1 0.014�0.012 300�22
3 MbD2 0.0332�0.0006 0.34�0.04 0.098�0.011 124�9

Figure 9. Comparison of the data and curve-fits for in-solution and immo-
bilized MbD1 and MbD2 at low Amplex Red concentrations.
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zymes with covalent DNA–heme cofactor adducts. The ki-
netic studies of the peroxidase activity of those enzyme con-
jugates revealed that the catalytic activity of the reconstitut-
ed HRP species was decreased as compared to the native
HRP. In contrast, the activity of the pseudo peroxidase Mb
was significantly increased, as compared to the native Mb,
upon the reconstitution with heme–DNA adducts, and Mb
modified with two DNA strands was even more active than
Mb containing a single DNA moiety. Detailed kinetic analy-
ses of the apparent Miachelis–Menten parameters of the
DNA–HRP and DNA–Mb conjugates provided supporting
evidence for several factors, such as steric hindrance and
electrostatic repulsion of the substrate by the bulky DNA
strand closely attached to the active site. However, to fully
unravel the molecular mechanisms responsible for the dis-
tinct changes in catalytic performances observed, the eluci-
dation of the tertiary structure of the conjugate will be nec-
essary, for instance, by molecular modeling and/or crystallo-
graphic analysis.

All the reconstituted DNA–enzyme conjugates were capa-
ble of binding to the solid surface through specific DNA-di-
rected immobilization, and kinetic analysis with the Amplex
Red substrate showed that an inhibition occurred at high
substrate concentrations that was not observed in the meas-
urements in solution. The highly specific binding properties
of the DNA moiety offer excellent promise for the assembly
of the heme enzymes both on micrometer and nanometer
length scales. Considering the vast number of important
heme enzymes, we believe that this method holds great po-
tential in producing functional heme protein arrays or build-
ing blocks for nanostructured devices as well as in the devel-
opment of transducer elements for novel biosensors.

Experimental Section

Chemicals : Myoglobin (horse heart) and horseradish peroxidase were
purchased from Sigma. N-acetyl-3,7-dihydroxyphenoxazin (Amplex
Red), Quant-IT protein kit was obtained from Molecular Probes, and de-
tritylation agent (3% DCA in DCM) from Amersham Biosciences. H2O2

was obtained from Fluka and a fresh solution prepared before the experi-
ments. All other chemicals including hemin, o-(benzotriazol-1-yl)-
N,N,N’,N’-tetramethyluronium hexafluorophosphate (HBTU), hydroxy-
benzotriazole (HOBt), and 2,2’-azino-bis-(3-ethylbenzthiazolin-6-sulfo-
nate (ABTS) were obtained from Sigma–Aldrich and were used without
further purification.

Synthesis of hemD1 and hemD2 : Amino-modified oligonucleotide (5’Tr-
amino-GAT CTC TTC ACC) that was still coupled to the CPG support
and that contained the protection groups, was purchased from Tib Mol-
biol, Berlin, Germany. The trityl group was manually removed by using
commercial 3% DCA in DMF solution followed by washing with
CH3CN and drying with nitrogen. Hemin (75 mmol) and HBTU
(75 mmol) were dissolved in 1.5 mL DMF and to this HOBt (50 mmol) in
500 mL DMF:CH3CN was added followed by 27 mL DiPEA. This solution
was mixed with the detritylated oligonucleotide and coupling was al-
lowed to proceed for 60 min at room temperature. The hemin-modified
oligonucleotide was then deprotected by using tert-butylamine:MeOH:
HO (1:2:1) mixture for 3 h at 65 8C and purified by HPLC, similar as pre-
viously described.[15]

Reconstitution : Apo-Mb (aMb) and apo-HRP (aHRP) were prepared by
the Teale 2-butanone method.[43] In brief, a solution of the apo enzyme

(200 mL, 60 mm) in potassium phosphate buffer, pH 7, was mixed with
hemin, hemD1, or hemD2 (1.1 equiv, 330 mL,40 mm), and was incubated
for 2, 12, or 24 h, respectively, at 4 8C. Reconstituted enzymes were puri-
fied by using ion-exchange FPLC (AKTA purifier, Amersham Bio-
science, MonoQ column, buffer A: 20 mm Tris A pH 8.3 and buffer B:
20 mm Tris A and 1.5m NaCl, linear gradient over 25 min). The concen-
tration was determined spectrophotometrically and additionally con-
firmed by using a Quant-IT protein quantification kit.

Enzyme kinetics : Kinetic experiments were carried out by using a Syner-
gy HT microplate reader from BioTek (running Software KC4, Version
3.4, Revision 12) in transparent (ABTS) and black (Amplex Red) 96-
well microplates. In all experiments 50 mL enzyme solution or 50 mL
buffer (used as a blank) was added to the microplate wells. The solutions
were kept at a constant temperature of 25 8C for 5 min. At the same time
the substrate/H2O2 solution was prepared and kept at a constant temper-
ature of 25 8C and the reaction was started by adding 50 mL to the wells
containing enzyme or blank. The reaction progress was monitored for
20 min as described below. The time interval between two measurements
was 30 s. KC4 Software (BioTek) was used for the analysis of primary
data. The initial rate of each experiment was derived by linear regression
analysis of the linear range of the time versus background-corrected ab-
sorbance or fluorescence values. Further calculations and weighted non-
linear regressions were performed by using MS Excel and Origin soft-
ware packages.

ABTS solution in 50 mm phosphate/citrate buffer, pH 5.0, containing
300 mm NaCl was freshly prepared every day before measurements, and
the actual ABTS concentration was determined by using the molar ex-
tinction coefficient of e340=36000 cm�1 mol�1. Enzymatic reactions were
monitored by using the absorbance of the ABTS cation radical produced
(molar extinction coefficient e405=36800 cm�1 mol�1). The final concen-
trations of myoglobin enzymes and horseradish peroxidases were 100 and
1 nm, respectively. All reaction solutions contained 2 mm H2O2.

Amplex Red stock solutions were prepared according to the manufactur-
erOs instructions by using potassium phosphate buffer with 300 mm NaCl,
pH 7.4. Variable concentrations of Amplex Red were used while the con-
centration of H2O2 was fixed at 1 mm. The rate of the reactions was fol-
lowed by monitoring the fluorescence of the reaction product resorufin
at 590 nm, by using the excitation wavelength of 530 nm. The final con-
centration of myoglobin enzymes was 10 nm and that of horseradish per-
oxidases 0.1 nm.

DNA-directed immobilization (DDI): DDI of the DNA–enzyme conju-
gates MbD1, MbD2, and HRPD1 was carried out by using streptavidin-
coated microplates that had been previously functionalized with biotiny-
lated capture oligomers (5’biotin-GGT GAA GAG ATC), similar as pre-
viously described.[55] Controls were carried out in wells functionalized
with non-complementary oligomers (5’biotin-CAG GAT GGT CTT).
Saturation experiments indicated that the maximum loading of enzyme
per well is approximately 0.5 pmol (data not shown). Subsequent to
DDI-based enzyme immobilization, 100 mL of Amplex Red solutions of
different concentrations was added to each well and the fluorescence
emission monitored at 590 nm (lex 530 nm).
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